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atural characteristics of microbial habitats, such as forces and
substrates, are often dynamically and heterogeneously distributed at length scales relevant to the scale of biofilms (1–3). Yet,
much of our understanding of biofilms comes from studies performed under highly idealized conditions, motivated by the desire
to unveil the molecular and cellular mechanisms underlying biofilm formation. These idealized conditions are often not realized
in practice, and the explicit consideration of additional elements
of natural biofilm environments has recently begun to reveal important new features of this microbial lifestyle (4).
The ocean environment is a prime example of such dynamic
heterogeneity. While seawater itself is nutrient depleted, ephemeral nutrient hot spots frequently occur in the form of microscale
particles (Fig. 1), including marine snow, phytoplankton detritus,
and fecal pellets (5, 6). These particles represent both the substrate and an important nutrient source for biofilms in the
ocean (7), and recent work has revealed that diverse species of
marine bacteria are capable of biofilm formation on these particles
(7, 8). Marine particles are often formed by dead or dying phytoplankton that release dissolved organic matter (DOM) into the surrounding water, creating strong chemical gradients that attract chemotactic bacteria and promote colonization and biofilm formation.
These biofilms then play a fundamental role in determining the degradation of the particles and, ultimately, the fate of carbon in the
particles, with a direct impact on the flux of carbon from the upper to
the deep ocean (9). Additionally, these particles represent alternative
models for biofilm studies that have fundamental differences from
traditional systems, both due to the shape and three-dimensional
nature of the substrate, and because the substrate acts as both the
surface for attachment and the source of nutrients.
Biofilm research has traditionally aimed to recreate quiescent
experimental conditions in topographically simple environments
(often straight flat surfaces) where physical conditions are homogeneous and temporal variations in the external environment are
generally suppressed by design (10). This approach has brought
fundamental insights into many aspects of biofilm formation,
capitalizing on the standardization of experimental conditions
and absence of environmental complexities (11). Experimental
tools, such as the Calgary Biofilm Device (12), significantly furthered our understanding of the genetic and physiological basis of
biofilms and their antibiotic susceptibility by enabling the initiaOctober 2016 Volume 198 Number 19

tion and spontaneous dislodging of a biofilm via external chemical
queues (13).
The advent of new technologies, such as microfluidics, provides unprecedented opportunities to manipulate environmental
conditions over length scales relevant to bacterial motility and
biofilm formation and on time scales short enough to resolve bacterial responses to rapid external stimuli (14). These approaches
are enabling controlled biofilm studies that account for fundamental features of natural microbial habitats and are opening new
doors to the ecological strategies underpinning biofilm formation,
the role of environmental forces on biofilm development, and,
ultimately, a better understanding of the physiology and consequences of biofilms. Here, we review and discuss recent efforts to
directly observe the formation of bacterial biofilms under spatiotemporally heterogeneous environments and emphasize the great
potential of novel technologies to expand the scope of controlled
biofilm studies and to bring about new insights into this complex
microbial lifestyle.
BACTERIAL ATTACHMENT UNDER FLOW: WHEN THE
TRANSITION FROM THE PLANKTONIC TO THE SESSILE
LIFESTYLE IS TRIGGERED BY HYDRODYNAMIC SHEAR

Understanding the physical interactions between bacteria and
ambient flow (15) will benefit many scientific and industrial applications, such as the development of ecological models that account for the frequent fluid motion in microbial habitats (3), as
well as the control and prevention of biofilm formation (16). Ambient flow has important ecological implications in a variety of
microbial processes, including nutrient uptake (17), encounter
rates (18), fertilization (19), and trophic interactions (20). In the
context of biofilms, fluid flow can affect surface colonization (21),
produce dislodgement (22), alter nutrient supply (23), trigger the
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The advent of microscale technologies, such as microfluidics, has revolutionized many areas of biology yet has only recently begun to impact the field of bacterial biofilms. By enabling accurate control and manipulation of physical and chemical conditions,
these new microscale approaches afford the ability to combine important features of natural and artificial microbial habitats,
such as fluid flow and ephemeral nutrient sources, with an unprecedented level of flexibility and quantification. Here, we review
selected case studies to exemplify this potential, discuss limitations, and suggest that this approach opens new vistas into biofilm
research over traditional setups, allowing us to expand our understanding of the formation and consequences of biofilms in a
broad range of environments and applications.
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for biofilm formation. Upper part, particles are prime microbial resource hot
spots and biofilm substrates in the ocean. Marine bacteria often swim toward
and accumulate on marine particles, yet biofilm formation on these particles is
subject to a trade-off: biofilm-forming species (cells in black) can achieve
stable association with the nutrient-rich particle, while non-biofilm-forming
species (cells in white) are inferior competitors on the particle but are ready to
migrate to fresh particles. Lower part, fluid flow can have multiple effects on
biofilm formation, including the promotion of surface attachment through
shear trapping near a surface and the transport of compounds, such as quorum-sensing molecules, away from producing cells and toward cells located
downstream.

formation of streamers (24), and wash out chemical signaling
molecules (25). However, despite the ubiquity of flow in natural
habitats and artificial systems, the effect of dynamic fluid environments on bacterial attachment to surfaces, the first stage in biofilm
formation, and on subsequent biofilm growth has only recently
received the attention necessary for a mechanistic understanding
of these fundamental processes.
One feature of fluid flow that directly affects microbial interaction with surfaces is the presence of gradients in the fluid velocity, known as hydrodynamic shear (Fig. 1). Shear, which is always
generated near a solid surface, where the fluid must be at rest,
creates a torque on bacteria that when coupled with one or more
microbial phenotypes, such as morphology, motility, or chemical
sensing, can generate a rich variety of dynamics with important
consequences on microbial ecology (26–28). Shear also alters the
cells’ swimming direction, which can strongly affect the spatial
distribution of microorganisms, as recently shown by Rusconi and
coworkers for Bacillus subtilis and Pseudomonas aeruginosa (29).
In those experiments, a microfluidic device and image analysis
were used to determine the positions of thousands of individual
bacteria within a carefully controlled flow. Without flow, the spatial distribution of cells in a dilute suspension of B. subtilis or P.
aeruginosa was uniform. Conversely, in the presence of flow, a
strong depletion zone in cell concentration formed at the center of
the channel (the region of low shear), and an accumulation developed toward the lateral walls (the regions of high shear). The
mechanism responsible for this spatial heterogeneity, elucidated
by a mathematical model and termed “shear trapping,” is the
competition between the shear-induced preferential alignment of
the bacteria, which are highly elongated given their body shape
and long nearly stiff flagella, and the reorientations due to active
tumbling or passive Brownian effects. This result implies that in
2590
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FIG 1 A graphic view of some environmental factors that can be fundamental

the presence of flow, swimming bacteria accumulate in the proximity of surfaces, thus increasing the likelihood of attaching to and
colonizing those areas. This process is distinct from the association with surfaces due to hydrodynamic forces even in the absence
of flow (30), as it is produced directly by fluid flow and independent of the specific type of swimming.
Based on these findings, Rusconi and coworkers (29) assessed
the role of shear trapping in driving the transition between the
planktonic and sessile lifestyles. This work again capitalized on the
high level of control afforded by microfluidics and was carried out
using a device consisting of seven separate microchannels, allowing a range of shear rates (0 to 100 s!1) to be assayed simultaneously with the same bacterial culture, dilute suspensions of P.
aeruginosa (Fig. 2A). The progression of bacterial coverage over
the bottom surface of the microchannel, made of untreated glass,
consistently revealed a rapid increase in surface coverage over the
first 1,000 s and then a slower increase up to 1 h (Fig. 2B).
Remarkably, the magnitude of the surface coverage increased
very reproducibly with increasing shear rate before saturating for
shear rates of "20 s!1, where the surface coverage was double that
in the quiescent case. Shear, therefore, can enhance surface attachment and thus can likely accelerate biofilm formation, a counterintuitive finding in light of the frequent association of shear with
dislodging forces. The untreated glass surface used in those experiments sets this process apart from the surface-specific phenomenon of catch bonds, whereby bacteria, such as Escherichia coli,
possess specific adhesins that attach to mannose-coated surfaces
in a shear-dependent manner. In these species-specific cases, increasing shear rate strengthens attachment (31). Whereas catch
bonds strengthen adhesion after a cell has landed on a surface,
shear trapping increases the flux of cells toward the surface. Importantly, the maximum effect of flow in promoting bacterial attachment occurs at shear rates of 10 to 20 s!1, a typical range for
important practical situations, such as biofilm formation on catheters (32), where P. aeruginosa is the most common pathogen in
biofilm-related urinary tract infections.
Fluid flow remains a fundamental process for biofilm development after surface attachment. Recently, Kim and coworkers (25)
investigated whether fluid flow represses quorum sensing (QS) in
Staphylococcus aureus and Vibrio cholerae biofilms, using a microfluidic device to include geometric and topographic features. They
found that QS was generally repressed by flow, which carries away
signaling molecules, but in some cases it could be locally activated:
at the base of a thick biofilm, in the downstream location of a long
channel, and within the crevices of a groove-like surface (Fig. 2C).
This work is a good illustration of the advantages of microfluidics
in capturing specific features of microbial habitats, enabling not
only the study of biofilms under controlled hydrodynamic conditions but also the fabrication of structures, such as grooves that
mimic topographical elements of biofilm environments. As exemplified by persistent QS in a flow environment, such features significantly alter fundamental biofilm processes and, without considering them, an observation of realistic phenotypes and
behaviors would otherwise be overlooked. Taken together, these
studies highlight the consequences of the hydrodynamic environment on the colonization of surfaces and suggest that fluid flow
should be taken into account in a more ubiquitous and controlled
manner when studying biofilms.
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of shear on bacterial surface attachment at 5 different shear rates simultaneously (plus two no-shear controls) and perspective view (right) of the imaging plane
(blue, lower glass surface of the channel) and the parabolic flow profile (red, vertical). (Modified from reference 29.) (B) Time series of the area coverage of P.
aeruginosa PA14 on an untreated glass surface for different shear rates. Each curve represents the mean of the results from 5 replicate experiments performed
under identical conditions and normalized by the mean bacterial surface coverage after 1 h of flow. (Modified from reference 29.) (C) Image of fluorescent
1-#m-diameter beads flowing into a microfluidic channel with a side groove under a flow rate of 1 #l min!1 (left) and merged images of S. aureus in the same
channel (right). Red, QS-off cells; yellow, QS-on cells. (Modified from reference 25 with permission of the publisher.)

BIOFILM FORMATION ON MARINE PARTICLES: WHEN THE
DYNAMIC NATURE OF THE RESOURCE LANDSCAPE
GOVERNS BIOFILM FORMATION

In the previous section, we discussed how a spatially variable flow
impacts bacterial surface colonization, the first recognized step in
the development of biofilms. Now, we consider how a temporally
variable environment impacts the ecological role of biofilm formation, considering marine particles as a case study. Does biofilm
formation confer a fitness advantage to bacteria under fluctuating
environmental conditions? Past studies have highlighted the merit
of biofilm formation in natural habitats, invoking the biofilm lifestyle as a strategy that allows bacteria to improve respiration and
growth rates by stably localizing cells in a nutrient-rich location
(5). However, cells bound to one location by biofilm formation,
and in particular by the production of extracellular matrix, are
conversely rather helpless to react to resource depletion in that
location or to the occurrence of new and more favorable resources
at nearby locations. This potential disadvantage has been pointed
out in the context of sinking marine snow particles, where stable
associations of cells with one particle may carry bacteria to unfavorable depths while the particle is depleted of its nutrients (9, 33).
Although spontaneous dispersion has been suggested as a measure
of escape from nutrient depletion (34, 35), this intrinsic trade-off
makes the ecological benefit of biofilm formation on an ephemeral substrate, and more generally in a dynamic environment, difficult to predict.
In macroscale ecology, the localization of resources in patches
often situates species with similar resource preferences under more
direct competition (36). At the same time, ecological theory also asOctober 2016 Volume 198 Number 19

serts that a fluctuating resource environment allows species with similar resource preferences to coexist by modulating their ability to
compete over a resource patch versus dispersing to find new resource
patches, trading off their ability to access resources at a local versus
global scale (36–38). In this respect, the dynamic nature of a resource
landscape represents an important environmental feature for a wide
range of ecological events, from competition to species coexistence
(39). It is intriguing to ask if this basic tenet holds true for the microbial world, and in particular how it relates to biofilm formation in a
temporally dynamic environment.
Biofilms on marine particles are assumed to confer a growth
advantage to marine bacteria by affording them stable access to
one of the most important sources of DOM in the ocean (40), yet
the ecological consequences of this process are unclear. Recently,
Yawata and coworkers (41) directly compared the behavioral
strategies of two sympatric and genetically very closely related
populations of marine bacteria (Vibrio cyclitrophicus) (42, 43),
and they found that their differential propensities to attach to and
form biofilms on particles is the key factor in determining their
stable coexistence in the environment (41). Using a microfluidic
setup, an experimental system that mimics the turnover of
ephemeral nutrient particles (Fig. 3A) was developed to directly
visualize how biofilm-forming bacteria interact with ephemeral
sources of diffusing DOM. Seven isolates of V. cyclitrophicus (L
population) having genes for surface adhesion (type IV pili; msh
gene cluster) and biofilm formation (polysaccharide production;
syp gene cluster) were compared with five isolates of V. cyclitrophicus (S population) lacking these genes. The L population was isolated from particles ("63 #m in diameter) in a size-fractionation-
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FIG 2 Effect of flow on bacterial attachment and biofilm formation. (A) Schematic layout of the 7-channel microfluidic device (left) used to measure the effect
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based field collection, whereas the S population was isolated from
the free-living fraction (42) in the same field campaign.
Imaging in the microfluidic device afforded direct visualization of the chemotactic abilities and propensity to attach to surfaces of isolates from both the L and S populations. First, a resource gradient was generated by releasing serine from one of the
two diffusion-permeable sidewalls of the device, mimicking the
DOM gradient emanating from a particle. Both S and L population isolates rapidly migrated toward the resource-rich surface by
chemotaxis (Fig. 3B), and no significant difference was observed
in the strength of chemotaxis between isolates. However, the consequences of chemotaxis were different in the two populations:
the cells from the L population attached to the surface, whereas
cells from the S population only hovered near the surface without
settling on it or forming a biofilm. This observation indicates that
in the L population but not in the S population, chemotaxis and
biofilm formation work in coordination for the rapid colonization
of marine particles.
This result formed the basis for an observed trade-off in bio2592
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film formation on particles in the L population, and ultimately for
the understanding of a mechanism that enables the coexistence of
the L and S populations in the field. By leveraging the flexibility of
microfluidic-controlled resource conditions, the direction of the
serine gradient was switched after 10 min, such that serine was at a
higher concentration on the opposite side wall of the channel. This
approach mimics the dynamic environment characteristic of the
ocean, where particles are depleted in their resources and fresh
resource-rich particles are continuously formed. Two very different responses to this microscale fluctuation emerged: the S population rapidly (within 10 min) migrated toward the new resourcerich surface (Fig. 3B), whereas the L population remained
attached to the original surface (for "30 min), despite the considerable nutritional impoverishment of that surface.
This observed response to an environmental fluctuation illustrates an important ecological consequence of biofilm formation
on marine particles. In the ocean, particles are nutritional hot
spots in an otherwise nutrient-poor water column, which makes
biofilm formation desirable per se. However, unlike archetypal
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FIG 3 A competition-dispersal trade-off governs biofilm formation on marine particles. (A) Microfluidic system used to recreate a dynamic distribution of nutrient
resources. By continuously flowing a chemoattractant solution in one of the two irrigation channels and buffer solution in the other, this device produces a steady linear
chemoattractant concentration profile in the central test channel by means of diffusion in the underlying permeable layer. The direction of the chemoattractant gradient
can be switched by swapping the flows in the two irrigation channels. PDMS, polydimethylsiloxane. (B) Behavioral response of the non-biofilm-forming S population
and the biofilm-forming L population in a temporally varying nutrient landscape. Large panels show swimming trajectories, and small panels show the region close to
the left side wall, from which serine was released for the first 10 min. Both populations swim and respond to the initial chemical gradient by accumulating in the
high-serine region, but only the L population isolate attaches and forms a biofilm on the side wall, implying a benefit in the resource acquisition from the surface. In
contrast, the S population isolate only hovers near the surface, without attaching, but when the direction of the chemical gradient is switched, it (and not the L isolate)
is able to rapidly respond by migrating to the right side wall, implying a benefit in not forming a biofilm. (Modified from reference 41.)
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A NEW OPPORTUNITY TO EXPLORE THE ROLE OF A
DYNAMIC ENVIRONMENT IN BIOFILM FORMATION: THE
MICROFLUIDIC TOOLBOX

Biofilm studies to date, and in particular over the past 3 decades,
have brought about extensive knowledge of the molecular details
and functions of the multiple cellular elements involved in biofilm
formation, including motility (47), surface behaviors (48), quorum sensing (49), and exopolysaccharide production (50). Yet,
most studies to date have rarely accounted for fundamental features of the environment, in part due to the desire to focus on the
simplest case in an already-complex problem, and in part due to
experimental limitations in conventional approaches. The works
reviewed here illustrate how some of these environmental factors
can have a substantial effect on biofilm formation. At the same
time, they demonstrate that it is possible to account for selected
environmental factors, be they shear, flow, or temporal variability,
while still performing controlled experiments in which the ability
to establish causal links and draw broad conclusions is not
clouded by the complexity of real environments. The advent of
microfluidic technology, coupled with advanced imaging and image analysis, has enabled exquisite control of the physical and
chemical environment while allowing high-resolution observations of biofilms in space and time. In this respect, microfluidics,
like classic flow cells, still represents a reductionist approach to
October 2016 Volume 198 Number 19

biofilm studies, albeit one that gives better access to the study of
specific features of the microbial habitat.
Microfluidics has only started to be used to investigate the
effect of fluid flow and fluid shear on bacterial attachment and
biofilm formation. Compared with traditional flow cell systems,
which have been classically employed to study biofilms in a flowing environment, microfluidics allows for considerably greater
control over flow conditions, to explore a much wider range of
shear rates with great flexibility in designing flow geometries of
interest, and for parallelization of experiments that can be fundamental to unravel mechanistic links in the face of the intrinsic
complexity of the biofilm system. For example, the device used by
Rusconi and coworkers (29) in the shear trapping study was fabricated using soft lithography so that it was much deeper than it
was wide, a geometry that is not typical of flow cells. In this geometry, the velocity profile is parabolic across the width of the channel, allowing direct imaging in the plane in which shear varies, an
essential feature to establish the mechanism of shear trapping. In
addition, the possibility of testing multiple flow conditions at the
same time, with the same culture, and on the same chip (not
typical of classic approaches), has been fundamental to overcome
the unavoidable biological variability among different samples
and extract a robust dependence of bacterial attachment on shear
rate. In this respect, parallelization is a clear advantage of a microfluidic approach for biofilm studies. In the work of Kim and coworkers (25), the advantage of microfluidics over classic flow cells
also included the possibility of flexibly fabricating side grooves in
which QS was studied, which would be very difficult with classic
approaches. In addition, the ability to control the density of bacteria in microfluidic devices down to a few cells has given further
insights into QS processes in small populations and confined environments (51, 52).
In the work of Yawata and coworkers (41), microfluidics
proved essential to probe the behavior of biofilm-forming marine
bacteria in a simulated ocean environment, where nutrient resources continuously turn over. Both the ability to generate gradients and, even more so, the possibility of modulating these gradients to create a temporally dynamic environment are features
that go significantly beyond the capabilities of classic flow cells. In
particular, the integration of a hydrogel (agarose) in the fabrication process extends the flexibility of microfluidics as an experimental approach for biofilm studies, because a hydrogel
acts both as a substrate for bacterial attachment (in the case of
the work of Yawata and coworkers, with properties not unlike
those of real marine particles) and as a diffusion-permeable
material for the supply of resources. In classic studies, the substrate for attachment is typically decoupled from the supply of
nutrients, which in those approaches and indeed under many
natural conditions occurs through the surrounding fluid.
However, the hydrogel-based approach in the work by Yawata
et al. (41) is appropriate for those situations in which the substrate is also a resource.
It is important to recognize which aspects of microfluidics represent true advantages for biofilm studies and what some limitations are. Specifically, we propose that the strength of microfluidics, as demonstrated by the studies reviewed here, resides not in
attempting to fully mimic natural habitats but rather in replicating
specific features of those environments and studying their effects
on biofilm processes. One example is the ability to physically segregate cells belonging to single or multiple populations of bacteria
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setups used for biofilm studies, temporal changes in the environment are an intrinsic feature of the resource landscape, and biofilm formation thus comes at the detriment of a reduced migration ability in response to temporal changes in nutrient
availability. Conversely, by not committing to particle surfaces
through biofilm formation, the cells from the S population are
continuously ready to migrate to new hot spots, yet at the cost of a
reduced growth rate on particles compared to that of biofilm
formers. Importantly, in the above-described observations, all
7 isolates of the L population behaved alike, and all 5 isolates of
the S population behaved alike, denoting a clear behavioral
demarcation along the boundary for horizontal gene transfer
between S and L populations that reflects their genetic clustering (43). This, then, is a case in which biofilm formation is
governed by a competition/dispersal trade-off, which is frequently encountered in macroecology (37, 44, 45) yet little
investigated in bacteria, with one notable exception in Vibrio
cholerae biofilms (46). This trade-off explains how these sympatric
and genetically very closely related populations of V. cyclitrophicus
can stably coexist in the ocean, ultimately because environmental
fluctuations diversify the niche space pertaining to particle utilization. The biofilm-forming isolates (L population) benefit from longlived particles, where steady attachment yields a competitive advantage, while planktonic isolates (S population) benefit from high rates
of particle turnover, where frequent migration is advantageous (41).
In summary, this work exemplifies the ecological importance
of a key feature in many microbial habitats, namely, the dynamic
nature of resources. Beyond being a simple extension of classic
biofilm studies performed under steady conditions, the explicit
consideration of environmental fluctuations changes our understanding of the benefits of biofilms in environments where resources are dynamic. Thus, not only is accounting for these fluctuations made possible by microscale technology developed in
recent years, it is also essential to understand the dynamics and
consequences of biofilm formation in fluctuating environments.

Meeting Review
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